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Lipid domain morphologyIt was proposed that topographic changes in lipid monolayers hydrolyzed by lipolytic enzymes such as
Phospholipase A2 (PLA2) are a consequence of enzyme activity at the surface. Lateral packing defects that
arise from lipid phase coexistence were suggested as places at which PLA2 activity is preferably localized.
Our work employs a method for mixing two lipid monolayers in order to simulate lipid mixing of products
and substrate at the surface in the absence of enzyme. In such enzyme-free mixed ﬁlms, a topographic pat-
tern similar to that actively generated by PLA2 is observed. The main conclusion from our experiments is
that mixing–demixing properties of substrate and products generated by PLA2 can determine the evolution
of the surface topography.
© 2013 Elsevier B.V. All rights reserved.1. Introduction
Widespread in nature, phospholipases are a group of soluble,
secretory or membrane-associated enzymes, whose enzymatic activ-
ity is modulated directly at the interface by the substrate organiza-
tion. Phospholipase A2 (PLA2) catalyzes the hydrolysis of the sn−2
fatty acyl ester bond of phospholipids, producing fatty acids and
lysophospholipids.
Several studies have related “membrane lateral defects” with en-
hancement of enzymatic activity of different PLA2s [1–8], but the
details by which this occurs at the molecular level have yet to be elu-
cidated. Grainger et al. [9] proposed that Naja naja PLA2 hydrolysis
started at the edge of the LC domains present in DPPC monolayers,
over the range of surface pressures where there is coexistence of
LE–LC phases. This interpretation was based on the appearance of
nicks at the edge of the LC domains present within the LE phase in
monolayers of DPPC hydrolyzed by N. naja PLA2. This was supported
by the occurrence of bell-shaped surface pressure-enzyme activity
curves having an optimum enzymatic activity coinciding with the
phase coexistence region. In 1998 Grandbois et al. [5] reported similar
observations by AFM using solid-supported DPPC bilayers in which
the topographic changes indicated that the enzymatic activity started
at lateral packing defects. However, in those studies the enzyme was
not localized during hydrolysis and the interpretation reached was
made on the basis of the topographic changes observed in the lipid7.
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l rights reserved.domains, as visualized by differential ﬂuorescence probe partitioning.
Dahmen-Levison et al. [10] have shown that ﬂuorescein-labeled Naja
naja naja PLA2 preferably partitions at the LE–LC phase coexistence
boundaries of the domains in D-DPPC (non-hydrolysable analog)
monolayers. This work also supported the idea that membrane lateral
defects can activate PLA2 with the involvement of direct physical con-
tact of the enzyme with boundary defects. On the other hand, another
study showed that Crotalus atrox ﬂuorescent-labeled PLA2 was homo-
geneously distributed in the LE phase of POPC/DPPC GUVs [11]. More
recently, Gudmand et al. [12] published a detailed study of the topo-
graphic localization of porcine pancreas PLA2 (ppPLA2) in a L-DPPC
and in a D-DPPC monolayer at the single molecule level showing
that the enzyme had a different behavior when localized in different
regions of the monolayer. These authors found that in monolayers
of DPPC showing the LC–LE phase coexistence that was hydrolyzed
by ppPLA2, nicks of ﬂuid phase began to spread from one side of the
LC domains resulting in a product-enriched area that located next to
the domains. Regarding the ﬂuorescent-labeled ppPLA2 it was con-
cluded that the enzyme preferably partitions into the more ﬂuid
phase and a very low signal was detected in the LC phase, with an en-
richment of ppPLA2 at the ﬂuid/gel phase coexistence boundaries
where the product-enriched area was localized [12]. Interestingly,
single-particle studies of the enzyme acting against D-DPPC and
L-DPPC revealed differences between the enzyme residence times in
ﬂuid/gel boundaries for both enantiomers. This suggests that the to-
pographic localization of ppPLA2 can be modiﬁed by the presence of
reaction products, besides the involvement of lateral defect.
Using different microscopy techniques, there are examples in the
literature on how lipolytic enzymes can modify the surface topography
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interpreted in at least two differentmanners. One of them is that the to-
pographic evolution of a lipid interface being hydrolyzed is entirely
enzyme-driven, in other words, that enzyme molecules themselves
have a major active role in the development of the surface pattern
and morphology of domains. Another possibility is that the enzyme
acts mainly as a modiﬁer of the surface composition and, depending
on the rate of activity, the system can be taken out of the equilibrium
state for miscibility thus leading to phase separation and/or domain to-
pographic changes [14,16,17]. Under this conception two temporally
coupled processes are participating: the compositional change due to
enzymatic activity which changes the substrate/product ratio at the
surface at a deﬁned rate, and the structural equilibration of the new
lipid mixture that depends on substrate–product mixing–demixing.
This was reported by our group [13,18,19] in several studies on the gen-
eration of ceramide from sphingomyelin by sphingomyelinase activity;
the domain shape and topography were different in ﬁlms generated by
different levels of enzyme activitywhen compared to enzyme-freemixed
monolayers of sphingomyelin/ceramide in the same proportion [16].
Demixing kinetics (phase separation) from an out of equilibrium
condition [20,21] is a scarcely explored area of lipid research. Such
situation might be generated by some sudden change, namely
temperature jumps, fast lateral compression and/or compositional
changes caused by fast or slow enzyme activity. A recent study [16]
has described in detail that the time-course of the surface topography
generated by sphingomyelinase corresponds to an out-of-equilibrium
nucleation process of LC ceramide domains that became demixed
from the sphingomyelin-enriched phase; this is driven by the over-
coming of the miscibility limit of these lipids that occurs during the
change of surface composition at the interface. This effect obviously
depends on the relative time of product generation by the enzymatic
activity compared to that for compositional equilibration. In agree-
ment with this, it was demonstrated [22] that physico-chemical
changes induced by SM to Cer conversion by SMase in LUVs remained
after the enzymatic reaction has halted.
The aim of the present study was to investigate the modiﬁcation
of the membrane surface topography induced by an enzyme-free
compositional change, involving the substrate and products of
ppPLA2 action. To approach this study we investigated the differences
and similarities of: a) enzymatically-generated, b) enzyme-free
(pre-equilibrated) mixed lipid monolayers and c) non-equilibrium
surface mixing of substrate and products of the ppPLA2 reaction in
enzyme-free ﬁlms. The manner in which the mixture of these lipids
evolves to equilibrium under a change of composition indicates that
ppPLA2 activity appears to act as a modiﬁer of surface lipid composi-
tion. Independent on the abundant evidence for the involvement of
boundary defects in the enzyme activation at the surface, our results
clearly show that the evolution of the monolayer topography can
also be determined by substrate–product lipid mixing–demixing pro-
cesses in the absence of enzyme.
2. Materials and methods
2.1. Chemicals
Dipalmitoylphosphatidylcholine (DPPC), dilauroylphosphatidyl-
choline (dlPC), lysophosphatidylcholine (LPC) and palmitic acid
(Pm) were purchased from Avanti Polar Lipids (Alabaster, AL) or
Sigma-Aldrich (St. Louis, MO). The lipids were 99% pure by HPTLC
and were used without further puriﬁcation. The lipophilic ﬂuores-
cent probe 1,1′-didodecyl-3,3,3′3′-tetramethylindocarbocyanine per-
chlorate (DiIC12) was purchased from Molecular Probes (Eugene, OR).
Phospholipase A2 from porcine pancreas (ppPLA2) was purchased
from Sigma-Aldrich (St. Louis, MO). Solvents and chemicals were
of the highest commercial purity available. The water was puriﬁed by the
Milli-Q system to yield a product with a resistivity of ~18.5 MV/cm.Absence of surface-active impurities was routinely checked as described
elsewhere [23].
2.2. Epiﬂuorescence microscopy of monolayers
Monolayers of different composition dopedwith 0.5 mol%DiIC12 (li-
pophilic probe that preferentially partitions into the LE phase), were
spread from preformed lipid solutions in chloroform–methanol (2:1)
over a subphase of 10 mM Tris/HCl, 100 mM NaCl, 20 mM CaCl2, pH 8
until reaching a surface pressure of less than ~0.5 mN/m. After solvent
evaporation (10 min), themonolayerwas slowly compressed to the de-
sired surface pressure. The all-Teﬂon zero-order trough (Kibron
m-Trough S; Kibron, Helsinki, Finland)wasmounted on themicroscope
stage of an epiﬂuorescence microscope (Zeiss Axiovert 200 or Zeiss
Axioplan; Carl Zeiss, Oberkochen, Germany) with a mercury lamp
(HBO 50) or a green laser, a 20× LD objective, and a rhodamine ﬁlter
set. Images with exposure times of 60–100 ms were recorded with a
CCD video camera controlled by Metamorph 3.0 software, or with a
CCD video camera (Andor, IXON). All experiments were carried out in
an air-conditioned room (22 ± 2 °C).
2.3. Determination of phospholipase activity
In lipid monolayers the short chain dlPC is usually employed as
the substrate of ppPLA2 enzymatic activity because the latter can be
measured in real time under zero-order kinetics following the reduc-
tion of monolayer area at constant surface pressure [7]. This is due to
the immediate desorption of the short-chain products into the aque-
ous subphase. On the contrary, when DPPC is used as the substrate
both products of the reaction (Pm, LPC) remain at the interface in
equimolar proportions (at least during a sufﬁciently long time, com-
pared to the duration of the experiment). Because of that, and due
to the interactions between the substrate and the products in a com-
plex ternary system, the enzymatic activity cannot be followed sim-
ply by a change of the surface area. In the latter case, enzymatic
activity was determined by collecting the lipid interface with a hydro-
phobic paper (Whatman 1PS according [24–26]) and quantifying the
substrate and the products by High Performance Thin Layer Chroma-
tography (HPTLC). The ﬁlm was collected at: 0, 5, 10, 15 and 20 min
after ppPLA2 injection (ﬁnal subphase concentration 100 ng/ml).
The completion of ﬁlm harvest was monitored and ascertained by
the fall of surface pressure to 0 mN/m. Brieﬂy, the ﬁlm collection
was carried out by gently depositing the hydrophobic ﬁlter paper
onto the ﬁlm for a few seconds after which it was rapidly removed
and immersed in a chloroform–methanol (2:1) solution for 15 min
under stirring. The ﬁlter paper was removed, washed with the
same solvent, and the latter was evaporated under N2 ﬂow until
reaching a volume of ~20 μl, which was spotted on a HPTLC plate.
Chromatography was run with chloroform/methanol/acetic acid/
water 30:15:3:2 (v/v/v/v). Two monolayers were collected for each
point. The quantiﬁcation was made by digital densitometry with
ImageJ software [27] after revealing the plate by the oxidation of or-
ganic compounds (8% v/v phosphoric acid–3% p/v cupric acetate, so-
lution) [28].
2.4. Surface mixing
The rapid surface mixing of lipid monolayers with different
composition was performed in a home-made specially modiﬁed
all-Teﬂon zero-order trough that was driven by the mechanic and
electronic set-up provided by a Kibron μ-Trough S unit (Kibron,
Helsinki, Finland). The special trough has three different compart-
ments (see Fig. 1): two lateral ones (denominated 1 and 2) that are
surface-connected by a narrow and shallow slit to a circular central
compartment (3 ml, 3.14 cm2; denominated reaction compartment),
with barriers controlled by an automated surface barostat. In general
Fig. 1. Diagram of the surface mixing procedure. A) The ﬁrst monolayer of composition
1 (LPC:Pm (1:1)) was spread on the reaction compartment and compartment 1, until a
surface pressure ~0.5 mN/m was reached. After solvent evaporation (10 min) the
monolayer was slowly compressed to ~7–10 mN/m. B) The second monolayer
(DPPC:Products 75:25 (mol%)) was spread to 0.5 mN/m on compartment 2 that was
kept disconnected from the reaction compartment by a septum. After solvent evapora-
tion it was slowly compressed to ~10 mN/m. C) The reaction compartment was dis-
connected from compartment 1 and connected to compartment 2 until a surface
pressure of ~10 mN/m was reached in the reaction compartment by compensation
with the surface barostat. At this moment the connection with compartment 2 was
interrupted, leaving the reaction compartment isolated. D) Observation of the surface
mixing was carried out continuously.
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tion compartment was connected with compartment 1. The ﬁrst
monolayer with a deﬁned lipid composition (LPC:Pm (1:1) in this
particular case) was spread onto this compartment until a surface
pressure of ~0.5 mN/m was reached. After solvent evaporation
(10 min) the monolayer was slowly compressed to the desired sur-
face pressure of 7 or 10 mN/m (Fig. 1A). Then a second monolayer
of different composition (DPPC enriched monolayer, particularly in
this work) was spread over compartment 2 that was disconnected
with a septum from the reaction compartment at this time, and this
ﬁlm was brought by slow compression to the desired surface pressure
of 10 mN/m (Fig. 1B). Once the two monolayers were spread on both
compartments the latter septum is quickly removed and the reaction
compartment becomes surface-connected to compartment 2, while
at the same time, compartment 1 is now disconnected from it by an-
other septum (Fig. 1C). After reaching a surface pressure of 10 mN/m,
compartment 2 is again disconnected, thus leaving the reaction com-
partment isolated (Fig. 1D). The changes of surface topography were
continuously observed by epiﬂuorescence microscopy while the sur-
face mixing was taking place. Note that when the reaction compart-
ment is isolated after surface mixing, there is a difference between
the surface pressure of monolayer 1 (7 mN/m) and monolayer 2
(10 mN/m). This was to allow the second monolayer to enter the
surface of the reaction compartment until the latter is isolated in
order to observe the evolution of mixing in a conﬁned place. In theexperiments in which the topography of the surface-mixed monolay-
er is viewed after hours of mixing, the reaction compartment was not
isolated and, instead, the surface was allowed to equilibrate. In the
latter case both monolayers were compressed to a surface pressure
~10 mN/m before opening the septum for mixing (the ﬁnal propor-
tion of substrate:products is accurately determined). In both cases
(monolayer 1 compressed to a surface pressure of 7 mN/m or
10 mN/m before surface mixing), when a DPPC enriched monolayer
was surface-mixed with a product monolayer, the alteration of
DPPC LC domains was similar.
3. Results
For simplicity, in the following sections ppPLA2 (porcine pancreas
PLA2) is denominated PLA2 and L-DPPC (hydrolysable analog) is ab-
breviated as DPPC.
3.1. Topographic evolution of DPPC monolayers hydrolyzed by PLA2
Fig. 2 shows the topographic evolution of DPPC monolayer hydro-
lyzed by PLA2 at a surface pressure where LE–LC phase domain coex-
istence occurs (~10–12 mN/m). After minutes following the injection
of the enzyme into the subphase some nicks appeared at the edge of
the LC domains (see arrows in Fig. 2E) which became progressively
indented, in full agreement with the experiment described by
Grainger et al. [9]. In addition, in our experiments, several small
round LC domains appeared over some period, dispersed in the LE
phase, after PLA2 injection in the subphase (particularly noticeable
in Fig. 2C, E and H). We performed this assay with PLA2 (Fig. 2), al-
ready described by Grainger et al. [9], in order to have a direct com-
parison with our following experiments in which surface mixing of
the substrate and the products was carried out in the absence of
enzyme.
In order to conﬁrm that enzymatic activity was actually occurring
(producing a change of lipid composition in the monolayer hydro-
lyzed by PLA2 that exhibited the topographic changes (Fig. 2), a quan-
tiﬁcation of the substrate and the products of the reaction was made
as a function of time, by collecting the lipids from the interface and
analyzing the composition by HPTLC (Fig. 3). The comparison of
Fig. 2 and Fig. 3, led to the conclusion that both, the variation of
monolayer composition (due to enzymatic degradation of DPPC)
and the consequent changes of surface topography, occur over a peri-
od of 0–30 min. Product formation began earlier than alteration of
the LC domain edge morphology, meaning that the generation of
products and the appearance of the alteration of domain morphology
were not temporally coupled to the initial part of the reaction. Ap-
proximately between 14 and 17 min after enzyme injection in the
subphase, some small LC domains appeared in the LE phase (Fig. 2C,
E, H), when product formation reached about 20% (Fig. 3). Such do-
mains may reﬂect the existence of product-enriched clusters in the
LE phase, formed in the presence of CaCl2 in the subphase, due to
PLA2 enzymatic activity after PLA2 absorption to the LE phases as de-
scribed for other lipolytic enzymes [14]. In the following sections
some experiments are described to support this idea.
3.2. Premixed monolayers of DPPC and LPC:Pm (1:1)
To compare enzymatically generated monolayers with enzyme-free
mixed monolayers of the same composition, we inspected the mono-
layer topography of ﬁlms under equilibrated conditions formed by
pre-mixing solutions with different proportions of substrate and prod-
ucts before spreading the monolayer. As described in Materials and
methods section, after solvent evaporation themonolayers were slowly
compressed to a surface pressure of ~10–12 mN/m. Fig. 4 shows a
sequence of epiﬂuorescence micrographies of DPPC with increasing
proportions of an equimolar mixture of the products (LPC:Pm (1:1)).
Fig. 2. Representative epiﬂuorescence images of the time course of PLA2 action against pure DPPC labeled by 0.5 mol% of DiIC12 monolayer at a surface pressure ~12 mN/m. A) Be-
fore PLA2 injection. B–L) After enzyme injection (100 ng/ml ﬁnal concentration) at B: 13 C: 14 D: 15 E: 17 F: 18 G: 18.5 H: 19 I: 20 J: 23 K: 26 and L: 27 min. Arrows indicate rep-
resentative topographic changes due to enzymatic activity. The images are representative of at least two independent experiments. Scale bar, 100 μm.
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ly generated surface topography.
On the other hand, as described above for Fig. 2 (clearly noticed
in panels C, E and H), some small LC domains appeared at relatively
earlier times after PLA2 injection in the subphase. These domains
are similar in aspect to the premixed monolayer of pure products
(LPC:Pm (1:1)) in the presence of CaCl2 in the subphase (Fig. 4D).
In order to explore whether these domains could represent
product-enriched clusters deriving from the composition change gen-
erated by the PLA2 enzymatic activity, a mixed lipid solution of LPC:
Pm (1:1) was spread over the subphase and compressed to lateral
surface pressures of 7, 10 and 12 mN/m, with CaCl2 (Fig. 5A to C) or
without CaCl2 (Fig. 5D to F) (EGTA 5 mM) in the subphase. The pat-
tern found (Fig. 5A to C) reveals LC domains similar to the small
ones shown in Fig. 2C, E, and H during enzymatic activity. It should
be recalled that the larger domains in the ﬁrst panels of Fig. 2 corre-
spond to the LC domains of DPPC coexisting with the LE phase of
this lipid in the phase transition region that occurs isothermally at
the surface pressure studied. As a control, in monolayers of LPC:Pm
(1:1) spread over subphases without CaCl2 (lateral surface pressures
of 7 and 10 mN/M (Fig. 5D, E)), the interface was homogeneous,
without LC domains. At 12 mN/m a diffuse, smooth lipid phase
transition was evidenced by the presence of large round LC do-
mains (Fig. 5F) that are different in aspect than the LC domains of
DPPC, or their variation due to the PLA2 activity against the mono-
layer. These experiments suggest that relatively early enzymatic
degradation of DPPC by PLA2 (whose activity requires CaCl2 in the
subphase) appears to be accompanied by LC product clustering
that may take some time to equilibrate. This type of effects could
also help understand why those small domains might be present
at some time but disappear at others and appear again subsequently
if waves of product slowly equilibrate by mixing with the substrate
and distorting the shape of LC domains of DPPC. Ascertaining these
possibilities will require extended investigations of kinetically-limited
surface processes.3.3. Surface-mixed monolayers of the substrate and the products of PLA2
reaction, in the absence of enzyme
We inspected if it was possible to generate a topography similar to
that generated by PLA2 but in enzyme-free ﬁlms under out of equilib-
rium mixing conditions. For that purpose, a procedure for “surface
mixing” lipid monolayers of different composition directly at the in-
terface was devised (see Section 2.4, Fig. 1). A substrate-enriched
monolayer (DPPC:Products, 75:25 mol%) was surface-mixed with a
monolayer of the mixed products (LPC:Pm (1:1)). A mixed ﬁlm of
DPPC:Products (75:25 mol%) was chosen instead of pure DPPC in
this particular assay, because of the convenient round morphology
that helps in the detection of domain edge alteration. Fig. 6 shows
the topography resulting from mixing both monolayers directly at
the interface (ﬁnal surface pressure ~ 10 mN/m). The morphological
change of LC domains generated during surface mixing resembled
those generated in ﬁlms hydrolyzed by PLA2 (distortions of domain's
edges, see Fig. 2 panels I, J for example). To ensure that morphological
domain alteration arose from the mixing of substrate-enriched and
product monolayers and is not due to the procedure of mixing itself,
a control experiment was made with a ﬁlm obtained by surface
mixing two monolayers of the same composition (DPPC:Products
75:25 mol%) at a ﬁnal surface pressure of 10 mN/m. No alteration of
LC domain morphology was observed in this experiment (Fig. 7).
Fig. 8 shows snapshots of different regions of the monolayer mi-
nutes after mixing in order to illustrate the changes of LC domain
morphology induced by the change of surface composition. The alter-
ation of LC domain boundaries shown in Fig. 8A was similar to that
found in enzymatically generated ﬁlms at ~20 min after PLA2 injec-
tion (Fig. 2H to J). With our method, the surface mixing of two mono-
layers of different composition starts at one side of the ﬁlm surface
thus generating a gradient of surface composition, and topography,
evolving from the lateral region of contact. Fig. 8B, C clearly shows
the gradient regarding the degree of domain shape modiﬁcation,
depending on the proximity of them to the region of contact.
Fig. 3. Quantiﬁcation of DPPC hydrolysis by PLA2. A) Representative HPTLC of the time
course of PLA2 action against pure DPPC monolayer at a surface pressure ~12 mN/m.
Each point represents a pool collected from two independent monolayers. The lanes
correspond to the collection at different times (as indicated) after enzyme injection
in the subphase (100 ng/ml). Lane C1 (panel A left) represents the collection of a
clean interface (lipid free) after 20 min of the injection of PLA2 in the subphase and
lane C2 corresponds to the hydrophobic paper extract after solvent treatment without
collecting any interface. B) Densitometric evaluation of A with ImageJ software [27].
The maximal variation of mean values was less than 10% in all cases.
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In previous sections it was demonstrated that the pattern generat-
ed during PLA2 action could be mimicked, in the absence of enzyme,
mixing substrate and products of the reaction directly at the inter-
phase, at high lateral surface pressure (see Fig. 6 and Fig. 8). This sec-
tion evaluates the topographic evolution of a monolayer generated by
surface mixing a pure-substrate (Fig. 9A) and a pure-product (Fig. 9B)
monolayer in different ﬁnal proportions. Fig. 9C to E shows the resultFig. 4. Epiﬂuorescence micrograph of DiIC12 0.5 mol% doped DPPC/(LPC:Pm (1:1)) monol
DPPC:(LPC:Pm, (1:1)) in different proportions: B) 75:25 mol%, C) 50:50 mol%. D) LPC:Pm
Scale bar, 50 μm.of surface mixing DPPC and LPC:Pm (1:1), in 70:30 or 55:45 (mol%)
ﬁnal proportions. Some indentations in LC domains could be observed
(as previously described in Fig. 6), in both ﬁnal proportions, minutes
after interfacial mixing. After 2–3 h of interfacial mixing, the topogra-
phies found were mostly rounded LC domains (Fig. 9E, 70:30 (mol%)
substrate:products) and star-like LC domains (Fig. 9F, 55:45 (mol%)
substrate:products) similar to the ones found in premixed equilibrat-
ed monolayers (Fig. 4B, C). Note that in these experiments the reac-
tion compartment was not isolated (see Section 2.4). Instead, after
the spreading and compression (10 mN/m) of both individual mono-
layers, the surfaces of both compartments were connected and the
lipid composition was allowed to equilibrate during 2–3 h at a con-
stant surface pressure ~10 mN/m.4. Discussion
In 1990 an important report in the ﬁeld of regulation of surface to-
pography by lipolytic enzymes was published [9]. These authors
showed by epiﬂuorescence microscopy the topographic changes of
DPPC monolayer hydrolyzed by N. naja PLA2 at a surface pressure
where LE–LC phase coexistence occurs. It was concluded that lateral
interfaces (arising from the coexistence of lipid phases in different
physical states) were initial points of enzymatic activity, presumably
due to a physical contact of N. naja PLA2 with the domain boundaries
at which the hydrolysis would appeared to start, and proceed from
the edge to the center of the LC domains. On this basis, the topograph-
ic evolution of the monolayer hydrolyzed by N. naja PLA2 was related
not only to a role of the enzyme actively generating topography but
also to the surface localization of the enzyme.
Interestingly, in the present work, in Fig. 2E (the beginning of do-
main morphology alterations) there was only an average of one nick
of LE phase in the gel phase per the LC domain (as detected by the
probe partitioning). Gudmand et al. [12] also reported that structural
changes induced by PLA2 action on DPPC monolayers started from
one side of the LC domains. If domain edges were initial places of en-
zymatic activity, each domain would have to be hydrolyzed by only
one enzyme (or a very few) at a single particular point on the domain
edge. Nevertheless, Gudmand et al. [12] have also shown that the to-
pographic localization of PLA2 in DPPC monolayers corresponded to a
uniform distribution of enzyme around the perimeter of the LC do-
mains mainly because of nucleation of a product-enriched phase at
the LC domain boundary that could act as an enzyme trap. It is very
important to point out that the nicks observed at the edge of the LC
domains represent only an increased partitioning of the lipophilic
ﬂuorescent probe DiIC12 into the product-enriched LE phase. Consid-
ering Gudmand's result, it is worth noticing that the accumulation of
PLA2 in those product-enriched areas does not imply that the reaction
takes place only at that location where additional product inhibition
could also be enhanced. Therefore, with the methodology of ﬂuores-
cent probe partitioning that was so far employed, it is not possible
to rule out the occurrence of enzymatic activity in the LE phase and
that the mixing–demixing of the substrate and the products formedayers at a surface pressure ~12 mN/m. A) Pure DPPC. B–C) Premixed monolayers of
50:50 mol%. The images are representative of at least two independent experiments.
Fig. 6. Epiﬂuorescence micrographs of enzyme-free, surface-mixed monolayers. A) Substrate-enriched monolayer: DPPC:(LPC:Pm, (1:1)) 75:25 mol% (surface pressure ~ 10 mN/m).
B) Product monolayer: LPC:Pm (1:1) (surface pressure ~ 7 mN/m). C) Surface topography as a result of surface mixing monolayers A and B (surface pressure ~ 10 mN/m). Arrows
show morphological changes of LC domains. The images are representative of at least two independent experiments. Scale bar, 100 μm.
Fig. 5. Epiﬂuorescence micrograph of LPC:Pm (1:1) monolayers doped with DiIC12 0.5 mol%. A–C) LPC:Pm (1:1) at 7 mN/m (A), 10 mN/m (B) and 12 mN/m (C) over a subphase of
10 mM Tris/HCl, 100 mM NaCl, 20 mM CaCl2, pH 8. D–E) LPC:Pm (1:1) at 7 mN/m (D), 10 mN/m (E) and 12 mN/m (F) over a subphase of 10 mM Tris/HCl, 100 mM NaCl, 5 mM
EGTA, pH 8. The images are representative of at least two independent experiments. Scale bar, 100 μm.
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morphology.
Fig. 4 shows pre-equilibrate substrate–product mixtures in differ-
ent proportions. None of them showed a surface topography similar
to that enzymatically generated. One possible explanation is that,Fig. 7. Control experiment. Epiﬂuorescence micrographs of enzyme-free, surface-mixed mon
(75:25 mol%) at a surface pressure ~7 or 10 mN/m (isolated or open reaction compartment, se
Scale bar, 100 μm.when the monolayer is enzymatically generated, relatively rapid
out-of-equilibrium and non-homogeneous transient changes of sur-
face compositions and organization occur that are not possible to ob-
serve in the pre-mixed enzyme-free lipid monolayers because these
ﬁlms represent a near equilibrium condition. These results raisedolayers. A) DPPC:Product (75:25 mol%) at a surface pressure ~10 mN/m. B) DPPC:Product
e Section 2.4). C) Representative image of the result of surface-mixed A and B monolayers.
Fig. 8. Epiﬂuorescencemicrographs showing different regions of surfacemixing a substrate-enrichedmonolayer (DPPC:Products, 75:25 mol%) and a productmonolayer (LPC:Pm (1:1)).
A) LC domain boundary alteration similar to Fig. 2H to J. B–C) Compositional gradient generated by the surface mixing procedure. In B) three different zones can be observed. The center
represents the region where the mixing is occurring. Beyond the black line to the bottom left: DPPC:Products 75:25 mol%; beyond the white line to the upper right: LPC:Pm (1:1).
Arrows show different morphologic LC domain alterations. Scale bar, 100 μm.
2062 L. De Tullio et al. / Biochimica et Biophysica Acta 1828 (2013) 2056–2063the testable possibility that the topographic changes occurring at
the interface might be a consequence of a non-equilibrium generation
of products in the substrate ﬁlm. In this sense, the generation of
products (LPC:Pm (1:1)) in a PLA2 hydrolyzed monolayer is localized
in the enzyme-enriched LE phase regions, meaning that in theFig. 9. Topographic evolution of surface-mixed monolayers. A DPPC monolayer (surface pr
surface-mixed obtaining ﬁnal proportions of DPPC:Products 70:30 mol% (C, E) and DPPC:P
micrographs minutes after surface mixing. E–F) Epiﬂuorescence micrographs 2–3 h after susurroundings of a particular LC domain there is a gradient of product
concentration. The localization of a nick in LC domains could be a con-
sequence of a local liberation of products by PLA2. The vectorial dis-
charge of products imposed by our surface mixing method and the
manner in which the edge of the domains become affected whenessure ~ 10 mN/m) and LPC:Pm (1:1) monolayer (surface pressure ~ 10 mN/m) were
roducts 55:45 mol% (D, F) at 10 mN/m (ﬁnal surface pressure). C–D) Epiﬂuorescence
rface mixing. Scale bar, 50 μm.
2063L. De Tullio et al. / Biochimica et Biophysica Acta 1828 (2013) 2056–2063they are in contact with a monolayer of products suggest that the lib-
eration of enzyme-generated products should also be vectorial; this
would be in keeping with an out-of-equilibrium local formation of
concentrated products by PLA2 in the LE phase by which mixing of
waves of products near the LC domains could affect their morphology.
Regarding the stability of the surface-mixed monolayers, after
hours from mixing, the topography mainly found is similar to that
of the pre-equilibrated ﬁlms with corresponding proportions of sub-
strate and products. This supports the idea that the alterations at
the edge of the LC domains are due to out-of-equilibrium concentra-
tion of products in the LE phase that subsequently become more
slowly mixed with the substrate thus generating time-dependent to-
pographic alterations in the lipid ﬁlm.
5. Conclusions
Our work showed that similar changes of the LC-domain morphol-
ogy can be observed when the lipid composition of the monolayer is
changed at the surface, under out-of-equilibrium conditions, either by
PLA2 activity or by surface mixing of monolayers of substrate and
products in enzyme-free systems. It is straightforward to conclude
that the enzymatic activity must be changing the lipid composition
by forming products at some relative speed until a critical composi-
tion point is reached above which the surface topography reorganizes
according to substrate–product miscibility. The idea that membrane
lateral defects (arising from phase coexistences of lipid domains in
different physical states or from packing defects), regulate lipolytic
enzymes is well accepted in the literature. However a direct physical
contact of the enzyme with the domain boundaries does not appear
to be required to induce the topographic changes occurring during
the enzyme action.
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